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Hydrocarbons can be found in many different habitats and represent an important carbon
source for microbes. As fossil fuels, they are also an important economical resource and
through natural seepage or accidental release they can be major pollutants. DNA-speciﬁc
stains and molecular probes bind to hydrocarbons, causing massive background ﬂuores-
cence, thereby hampering cell enumeration. The cell extraction procedure of Kallmeyer
et al. (2008) separates the cells from the sediment matrix. In principle, this technique can
also be used to separate cells fromoily sediments, but it was not originally optimized for this
application. Here we present a modiﬁed extraction method in which the hydrocarbons are
removed prior to cell extraction. Due to the reduced background ﬂuorescence the micro-
scopic image becomes clearer, making cell identiﬁcation, and enumeration much easier.
Consequently, the resulting cell counts from oily samples treated according to our new
protocol are signiﬁcantly higher than those treated according to Kallmeyer et al. (2008).
We tested different amounts of a variety of solvents for their ability to remove hydrocar-
bons and found that n-hexane and – in samples containing more mature oils – methanol,
delivered the best results. However, as solvents also tend to lyse cells, it was important
to ﬁnd the optimum solvent to sample ratio, at which hydrocarbon extraction is maximized
and cell lysis minimized. A volumetric ratio of 1:2–1:5 between a formalin-ﬁxed sediment
slurry and solvent delivered highest cell counts. Extraction efﬁciency was around 30–50%
and was checked on both oily samples spiked with known amounts of E. coli cells and oil-
free samples amended with fresh and biodegraded oil. The method provided reproducible
results on samples containing very different kinds of oils with regard to their degree of
biodegradation. For strongly biodegraded oil MeOH turned out to be the most appropriate
solvent, whereas for less biodegraded samples n-hexane delivered best results.
Keywords: cell enumeration, hydrocarbons, cell separation, subsurface microbiology
INTRODUCTION
Hydrocarbons in the environment constitute an important energy
source for microorganisms (Bushnell and Haas, 1941). Phyloge-
netically diverse groups of microorganisms are present in and
around oily sediments (Joynt et al., 2006), the oil coming from
either natural seepage or man-made oil spills. The world’s largest
natural oil reserves are found on the ﬂanks of foreland basins
in the Americas (Head et al., 2003; Oil and Gas Journal, 2005),
where the general capability for hydrocarbonoxidationwas proven
in the Athabasca River System (Wyndham and Costerton, 1981).
Hydrocarbons enter natural ecosystems by either seepage from
geologic reservoirs or through anthropogenic activities (Paisse
et al., 2010). They act as environmental pollutants and can cause
signiﬁcant damage to their surrounding but also constitute a
carbon source for microorganisms. Natural oils are a mixture
of thousands of different compounds. Oil composition depends
not just on its source material but also on its degree of biologi-
cal degradation. Biodegradation preferentially removes n-alkanes,
isoprenoid-alkanes, cyclo-alkanes, and aromatic compounds from
the oil,with the residue containing increasing amounts of alcohols,
acids and other water-soluble compounds (Huang et al., 2008;
Head et al., 2010).
Oily sediments have received increased attention over the last
few years, especially because of their microbial richness and
diversity (Edgcomb et al., 2002). In order to obtain an accurate pic-
ture of the microbial community in oily sediments, it is important
ﬁrst to quantify the number of cells.
Unfortunately, enumeration of cells in oily sediments seems to
be hampered by hydrocarbons, which tend to interact with the
DNA-speciﬁc stains and molecular probes (Teske et al., 2002).
This causes high background ﬂuorescence and makes oily sedi-
ments hard to count, thereby lowering the number of detectable
cells.
One possible way to overcome the problem of strong back-
ground ﬂuorescence is to extract the cells from the sample. Such
techniques are usually used in cases where cell abundance is
too low for a direct cell count (Fry, 1988; Cragg et al., 1990).
Kallmeyer et al. (2008) developed a method to efﬁciently extract
cells from marine sediments and thereby lowering the minimum
detection limit from around 105 cells cm−3 to 103 cells cm−3. The
method works well with oil-free sediments from the deep marine
subsurface, but does not produce satisfactory results with oily
sediments.
To overcome the problem of oil-induced background ﬂuo-
rescence, we developed a method that in a ﬁrst step extracts
hydrocarbons from the sediment and in a second step separates
the cells from the sediment matrix prior to counting. Solvents not
only dissolve hydrocarbons, they also tend to lyse cells. Different
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solvents in a wide sample-to-solvent ratio were tested in order to
ﬁnd the most effective solvent and the optimal ratio at which cell
lysis does not exceed the positive effect of hydrocarbon removal.
MATERIALS AND METHODS
SAMPLING LOCATIONS AND SAMPLES
Canadian oil sand and processed oil sand
The samples come from an oil sand mining site in the Athabasca
Oil Sand area near Ft. McMurray (Alberta, Canada). The crude
oil sand, consisting mainly of clays, silicates, water, and hydrocar-
bons, is dark brown to black and the particle size ranges from ﬁne
sand to silt. Clay lenses are common, which gives the sample a
very inhomogeneous character. The oil sand sample has a total
organic carbon (TOC) content of 13.2%. The extracted oil sand is
medium brown and its particle size ranges from ﬁne sand to very
ﬁne sand. It contains no clay lenses, but in between the sand, some
black nodules are found. The extracted oil sand sample has a TOC
content of 0.24%. The mature (biodegraded) oil is the residue of
a secondary microbiological degradation (Strausz et al., 2010).
Oily sediments from the Gulf of Mexico
The samples from the Gulf of Mexico are highly diverse. Their
total oil content varies signiﬁcantly, also the sites are affected by
either natural hydrocarbon seepage (Beggi Meadow, Orca Basin),
or anthropogenic oil spill (Deep Water Horizon wellhead). Other
samples are almost devoid of oil (Garden Banks). In contrast to
the Canadian oil sand, the oil found in sediment samples from
the Gulf of Mexico is rather light and immature (Anderson et al.,
1983; Holba et al., 1996).
Beggi Meadow. The sampling site is located in the northern part
of the Gulf of Mexico, east of the Mississippi delta (Cooper and
Hart, 2002). The sediment sample was taken on Nov 23rd 2010
during Alvin Dive 4652 from the seaﬂoor at 27˚N 42.128′; 90˚W
38.892′ in a water depth of 834 m. The ambient temperature was
6.3˚C. The sediment is very ﬁne-grained, dark gray to black, and
very oily.
Orca Basin. The Orca Basin is located in the northern Gulf
of Mexico, off the coasts of Texas and Louisiana (26˚N 56.25′;
91˚W 17.10′). This depression covers an area of about 400 km2
and has a maximum depth of about 600 m below the surround-
ing seaﬂoor. In the bottom 200 m it contains anoxic, hypersaline
(about 250 g kg−1) water. Its bathymetry is attributed to salt
diapirism and resulting slump features. The salt diapirism is also
responsible for the brine (Shokes et al., 1977; Van Cappellen et al.,
1998). The sample was taken from the upper 20 cmbsf (cm below
the sea ﬂoor) with a multicorer on Nov 21st 2010. Ambient water
temperature was 3.6˚C. The slightly oily sediment is red and very
ﬁne-grained.
Near deep water horizon wellhead (Macondo oilﬁeld). The sam-
ple was taken from 1.5 nautical miles south of the wellhead of the
DeepWater Horizon Drilling Platform (Macondo wellhead) in the
Mississippi Canyon (28˚N 43.35′; 88˚W 21.77′). The drilling rig is
now located in a water depth of 1.5 km, about 66 km off the coast
of Louisiana (Kessler et al., 2011). The sample was taken with a
multicorer on Nov 30th 2010 from a depth of 5–6 cmbsf. Ambient
temperature was 4.3˚C. The very ﬁne-grained sediment is ochre to
slightly greenish brown and only slightly oily.
Garden Banks. Garden Banks is located 170 km south southeast
of Galveston, TX, USA, and is a topographic high (lowest water
depth about 40 m) resulting from diapirism of Jurassic-age salt
(Rezak et al., 1985). Massive, head-forming corals dominate the
summits of both of the banks. Surrounding depths range between
100 m in the north and 150 m in the south. The sample was taken
southeast of Garden Banks at 27˚N 33.207′; 92˚W 32.430′ in a
water depth of 568 m with a multicorer on Nov 15th 2010 from
a sediment depth of 0–10 cmbsf. Ambient temperature was 6.4˚C.
The sediment is gray and very ﬁne-grained.
Lake Van
Lake Van is located on a plateau in eastern Anatolia, Turkey. It
covers an area of 3570 km2, has a maximum depth of 460 m (Litt
et al., 2009), and is the largest soda lake in the world (Kadioglu
et al., 1997). The samples were taken during the ICDP drilling
operation PALEOVAN in summer 2010 using a hydraulic piston
corer. The sample is from the Northern Basin site from a depth of
about 3 m below the sea ﬂoor (mbsf). It is gray and ﬁne-grained
and does not contain any hydrocarbons.
REAGENTS AND MATERIALS
The materials used for the cell extraction have to be absolute cell-
free. To achieve this, all glassware used during the cell extraction
procedure is combusted before use. In order to increase turnover
times, the glass ﬁlter towers for the preparation of the ﬁlters are
not combusted but ﬁrst washed in a sodium hypochlorite solution,
then rinsed ﬁrst with distilled water then ethanol, followed by a
ﬁnal ﬂaming with a blow-torch directly before use. Reagents were
autoclaved if possible and always 0.2μm ﬁlter sterilized immedi-
ately before use to remove all cells. The following reagents were
used:
• Sodium chloride/formalin solution for preparation of primary
marine slurries. To avoid osmotic stress on the cells, the salinity
is adjusted to in situ conditions, i.e., 25 g L−1 NaCl for normal
marine samples. 20 mL L−1 of formalin is added as a ﬁxative.
• Sodium chloride/sodium azide (NaCl/NaN3) solution for fur-
ther dilution of the primary marine slurries. Salinity is identical
to the respective primary slurry, i.e., 25 g L−1 NaCl for normal
marine samples. About 0.1% NaN3 is added as a biocide to pre-
vent growth of accidentally introduced foreign cells, it has the
advantage over formalin of not forming any hazardous volatiles.
• Phosphate buffered saline (PBS) for preparation of the primary
slurries from terrestrial samples: 8 g L−1 NaCl, 0.2 g L−1 KCl,
1.44 g L−1 Na2HPO4, and 0.24 g L−1 KH2PO4. When preparing
primary slurries, 20 mL L−1 of formalin is added.
• Carbonate dissolution mix (CDM) for dissolution of car-
bonates: 20 mL L−1 (0.43 M) glacial acetic acid and 35 g L−1
(0.43 M) sodium acetate. NaCl and PBS, respectively, are added
to correspond to the salinity of the samples. After autoclaving,
20 mL L−1 of formalin is added.
• Tris-aminomethane–ethylenediaminetetraacetic acid buffer
(TE-buffer): 1.211 g L−1 tris-aminomethane and 0.372 g L−1
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ethylenediaminetetraacetic acid. TE-buffer is used for further
dilution of terrestrial samples and for the ﬁnal rinse of all
samples after ﬁltration before staining.
• Detergent mix (DM) for detachment of the cells from sedi-
ment particles: 37.2 g L−1 (100 mM) disodiumEDTAdihydrate,
44.6 g L−1 (100 mM) sodium pyrophosphate decahydrate, and
10 mL L−1 Tween 80. After autoclaving, formalin is added
to a ﬁnal concentration of 20 mL L−1. The solution is kept
under constant stirring during cooling to avoid separation of
Tween 80.
• Calcium chloride/sodium acetate (CaCl2/NaAc) solution to
neutralize the HF and buffer the pH: 110.984 g L−1 CaCl2 and
82.04 g L−1 Na-acetate.
• Nycodenz for the density separation: 50 g 100 mL−1 Nycodenz.
• The following solvents were used: n-hexane, methanol
(MeOH), propanol, n-octane, n-decane, ethanol (EtOH),
dichloromethane (DCM), acetone.
METHODS
In order to prevent the DNA-speciﬁc stains to interact with the
hydrocarbons and to increase the minimum detection limit for
cell enumeration, hydrocarbons and cells have to be separated
from the oily sediment in two consecutive extraction steps. The
cell extraction method of Kallmeyer et al. (2008) serves as basis
for the new method, therefore parts of the previous method are
reiterated for clarity. Figure 1 gives an overview of the complete
procedure. The primary sediment slurry is prepared by suspend-
ing a sediment sample in a ﬁxative solution of similar salinity
and thoroughly shaken to form a homogenous slurry. For marine
and terrestrial samples, 2.5% (w/v) sodium chloride solution and
1×PBS solution are used, respectively. For the sample from the
hypersaline Orca Basin, the sodium chloride concentration was
increased to 250 g NaCl L−1. Independent of the type and salin-
ity of the samples, formalin is added to the solution to a ﬁnal
concentration of 2%.
Ratios between sediment and ﬁxative solution vary widely
between different users. For all our experiments we use slurries
with a 1:5 (v:v) sediment to ﬁxative ratio.
Prior to the actual cell extraction, the hydrocarbons have to
be removed from the oily sediments, because they interact with
DNA-speciﬁc stains used for marking the cells and cause high
background ﬂuorescence, thereby preventing exact cell enumera-
tion. We found the optimal ratio of slurry to solvent to be between
1:2 and 1:5, i.e., one part of the slurry combined with two to
ﬁve parts of the solvent. The slurry and solvent mixture is shaken
(Vortex-Genie 2 shaker) for 20 min to allow for dissolution of oil
compounds. After the oil extraction, the sample is centrifuged for
15 min at 12,000× g in order to collect all free ﬂoating cells in
the pellet. The solvent with the dissolved oil compounds remains
in the supernatant and can be decanted off. The cells can then be
extracted from the remaining sediment pellet.
Carbonates interfere with the dissolution of the extracellular
polymers that bind the cells to the mineral grains. Therefore they
have to be dissolved prior to cell detachment (Kallmeyer et al.,
2008).
Before performing this time-consuming step, it is advisable
to check all samples for their carbonate content under a low
magniﬁcation stereomicroscope by adding some drops of HCl to
a small amount of slurry. All samples used in this study were free
of carbonates; we therefore did not perform this step.
After dissolution of hydrocarbons and carbonates, the remain-
ing pellet is suspended with 350μL of either TE-buffer for the
terrestrial samples or with NaCl/NaN3 solution for the marine
samples. Then, 50μL each of DM and methanol (MeOH) are
added (Kallmeyer et al., 2008). The mixture of slurry, NaCl/NaN3,
or TE-buffer, DM, and MeOH is vortexed at maximum speed for
30 min.
A cushion of 500μL 50% (wt/vol) Nycodenz is injected into
the bottom of the vial according to Kallmeyer et al. (2008),
followed by centrifugation at 2,000× g for 15 min in a swing
out rotor centrifuge. The cells are separated from the sediment
particles by density centrifugation. The supernatant is treated
according to Kallmeyer et al. (2008). The pellet is resuspended
in 350μL TE-buffer or NaCl/NaN3 solution, and again 50μL
each of DM and MeOH are added. After sonicating for 10 min
in a sonication bath (Bandelin Sonorex Digitec) at room tem-
perature, the vials are vortexed for 15 min, followed by density
separation as described above. The supernatants from the den-
sity separation and the carbonate dissolution step are pooled and
can be used for cell counting or other applications (Kallmeyer
et al., 2008). Prior to ﬁltration, 100μL of 1% hydroﬂuoric acid
(HF) is added to the supernatant and left for 10 min to reduce
non-speciﬁc background ﬂuorescence from sediment particles.
The ﬁlters are rinsed inside the ﬁlter towers with a few ml of
TE-buffer to remove any remaining HF. One or two blank sam-
ples were processed with each batch of samples processed for cell
extraction.
For cell counting, the supernatants are ﬁltered onto 0.2μm
polycarbonate ﬁlters (Whatman Cyclopore Track Etched Mem-
brane; Jones et al., 1989; Stockner et al., 1990). To ensure an even
distribution of the cells on the ﬁlter, 5 mL of 0.2μm ﬁltered TE-
buffer or NaCl/NaN3, should be placed into the ﬁlter tower prior
to the addition of supernatant. Staining and embedding is carried
out according to Morono et al. (2009). Cell counting is performed
using an epiﬂuorescence microscope.
RESULTS
At the beginning of the experiments, we tried to count cells
directly from completely untreated samples similar to the pro-
tocol of Cragg et al. (1990). No cells could be detected due to
massive background ﬂuorescence caused by the SYBR Green I
stain binding to hydrocarbons. The same effect was observed
using Acridine Orange instead of SYBR Green I. By using
the cell extraction procedure of Kallmeyer et al. (2008) it was
possible to see a few cells, but due to the hydrocarbons still
being present, there was considerable background ﬂuorescence
(Figure 2A). We therefore developed a hydrocarbon extraction
step prior to cell extraction, that effectively removed the oil from
the sample, thereby drastically reducing background ﬂuorescence
(Figure 2B).
Due to the large range of total cell abundances in the different
samples, all results are presented as percent values relative to cell
counts obtained by the extraction procedure of Kallmeyer et al.
(2008).
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FIGURE 1 |The flow chart shows the complete hydrocarbon and cell extraction procedure for oily sediments.The method is based on the cell extraction
procedure of Kallmeyer et al. (2008).The hydrocarbon extraction step is shaded. Details about incubation times and amounts of reagents are provided in the text.
For initial tests only a subset of samples (crude and processed
oil sand, Garden Banks) was treated with a wide range of solvents:
MeOH,n-hexane, propanol, acetone, EtOH,n-octane,n-decane, a
mixture of n-hexane andMeOH,amixture of n-hexane andDCM,
and a double extraction with n-hexane. MeOH and n-hexane
showed the most promising results (Figures 3A–C), because they
delivered high and reproducible cell counts on all samples tested.
The other solvents delivered results that were either consistently
below 100% (EtOH, acetone, DCM) or did not show high extrac-
tion efﬁciency with all types of samples (n-octane and n-decane).
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FIGURE 2 | Image of an oil sand sample under the fluorescence
microscope. (A) Sample processed according to the extraction procedure
of Kallmeyer et al. (2008) without hydrocarbon extraction. Cells are difﬁcult
to identify due to strong background ﬂuorescence. (B) Sample after
hydrocarbon extraction prior to cell extraction. Background ﬂuorescence is
drastically reduced and cells are much easier to detect.
MeOH and n-hexane were therefore tested on a greater variety
of samples (Figure 4). For all samples, highest cell counts were
achieved with solvent volumes between 100 and 250μL (i.e., a
ratio of primary slurry to solvent of 1:2–1:5). When using lower
volumes, the ﬁlters still showed some background ﬂuorescence,
thereby hampering cell detection. Using higher volumes, the cell
extraction efﬁciency decreased again toward efﬁciency values of
the standard extraction procedure or even below that.
Two competing factors appear to control the efﬁciency of the
solvent extraction. The ﬁrst one is the gain in counting efﬁciency
due to the removal of oil; the second one is lysis of cells by the
solvents, which reduces the number of cells in the sample. It is
therefore necessary to ﬁnd the threshold at which the positive
effect is maximized and the negative minimized. Therefore we
exposed a formalin-ﬁxed culture of E. coli to solvents, using the
same sample-to-solvent ratios as for the sediment slurries. About
20% of the cells were lysed by the procedure. To test the efﬁciency
of our new cell extraction method, we added a known amount of
E. coli cells to the crude oil sand sample. Of these added cells, 55%
could be recovered by the cell separation with solvent extraction
(data not shown). This indicates that some of the added cells are
either lysed or not extracted.
To further test the effect of solvents on cells in the sediment,
we applied our method to a completely oil-free sample from Lake
Van and one with very low, barely detectable, oil content (Garden
Banks; Figure 4). On these two samples we expected little to no
positive effect from the solvent addition and could therefore use
them to test whether there is a certain threshold for addition of
solvents, above which cell lysis occurs or if cell lysis starts even at
very small additions of solvent.
The pattern of extraction efﬁciency vs. solvent addition in the
n-hexane extracted Garden Banks sample follows the same gen-
eral trend observed in all samples, just shifted to lower values
(Figure 4). Maximum efﬁciency reached 100% at 200μL of sol-
vent addition. The MeOH extraction did not show any clear trend
and remained <50% for all slurry to solvent ratios. The use of
other solvents did not lead to higher extraction efﬁciencies for the
Garden Banks sample (Figure 3A).
For the oil-free Lake Van sample the extraction with either sol-
vent (MeOH and n-hexane) did not increase efﬁciency above the
normal extraction,both solvents reachedmaximumvalues around
100%. However, for the n-hexane extraction the pattern is some-
what different; highest extraction efﬁciency (95%) is reached with
the lowest amount of solvent added, all higher additions led to
much lower efﬁciencies. For the MeOH extraction, efﬁciency is
generally low (<50%), except for the addition of 200μL, with
which an efﬁciency of about 100% is achieved.
It appears that MeOH seems to work better in samples con-
taining heavy, mature oil, or bitumen, whereas n-hexane is the
most appropriate solvent to remove hydrocarbons in oily sediment
samples containing light and rather immature oil (Figure 4).
There is large scatter in the range of best extraction efﬁciencies.
In the sample from Beggi Meadow, all solvent to sample ratios
tested delivered higher cell counts than the standard method, even
up to 1,000μL of n-hexane. Still, highest efﬁciencies were achieved
with 100–250μL of solvent (Figure 4).
To test whether there is a loss of cells from the centrifugation
step after hydrocarbon extraction (12,000 × g for 15 min) some
supernatants were ﬁltered and counted. No cells were found on
any ﬁlter indicating that the centrifugation step works well and
that all cells remain in the pellet.
We also added light oil (non-biodegraded,API gravity of 32.9˚),
and heavy oil (strongly biodegraded, API gravity<10˚) to oil-free
Lake Van sediment. Due to very strong background ﬂuorescence
no cells could be detected using the standard method of Kallmeyer
et al. (2008). The spiked samples were then processed according
to our new solvent extraction method. In the sample spiked with
the light oil, it was possible to detect 11 and 33% of the cells with
MeOH and n-hexane, respectively, as compared to the oil-free
sample. In the sample spiked with the heavy oil, MeOH extrac-
tion delivered higher cell counts (47%) than n-hexane (38%).
This indicates that the choice of a solvent used depends on the
biodegradative state of the oil.
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FIGURE 3 | Continued
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FIGURE 3 | Continued
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FIGURE 3 | (A) Extraction of hydrocarbons with different solvents applied to a
crude oil sand from Athabasca, Canada. To compare the extraction results, cell
counts are given as percentages of the results of the standard procedure of
Kallmeyer et al. (2008). The obtained cell counts after counting cells from
untreated (i.e., without solvent) samples is set to 100%.The shaded areas
represent 1×SD for standard cell extractions without solvent treatment. (B)
Extraction of hydrocarbons with different solvents applied to a processed oil
sand from Athabasca, Canada. To compare the extraction results, cell counts
are given as percentages of the results of the standard procedure of
Kallmeyer et al. (2008). The obtained cell counts after counting cells from
untreated (i.e., without solvent) samples is set to 100%.The shaded areas
represent 1×SD for standard cell extractions without solvent treatment. (C)
Extraction of hydrocarbons with different solvents applied to an oily marine
sediment sample from Garden Banks. To compare the extraction results, cell
counts are given as percentages of the results of the standard procedure of
Kallmeyer et al. (2008). The obtained cell counts after counting cells from
untreated (i.e., without solvent) samples is set to 100%.The shaded areas
represent 1×SD for standard cell extractions without solvent treatment.
None of the indicated solvents worked well at this sample, because it was
almost free of hydrocarbons.
DISCUSSION
By removal of hydrocarbons prior to cell extraction the micro-
scopic image becomes much clearer, making it possible to detect
signiﬁcantly more cells on the ﬁlter. The remaining background
ﬂuorescence is very low (Figure 2B). Especially the use of n-hexane
and MeOH in a slurry to solvent ratio of 1:2–1:5 (50μL of pri-
mary slurry and 100–250μL of solvent) delivers the best (i.e.,
highest) cell counts (Figure 4). When using a higher solvent to
slurry ratio, cell counts decrease again. Apparently the effect of
cell lysis is greater than the improvement of the microscope image
by removing interfering hydrocarbons.
The concentration above which cell lysis exceeds the positive
effect of hydrocarbon dissolution appears to be dependent on the
type of solvent. This might be the reason why for DCM cell counts
are lower than those from the standard cell extraction procedure,
not just above a certain solvent to slurry ratio, but uniformly over
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FIGURE 4 | Cell extraction efficiencies for different sample types
treated with either n-hexane or MeOH. Cell counts are given as
percentages of the results of the standard procedure of Kallmeyer et al.
(2008). In most samples a typical pattern becomes obvious. Cell extraction
efﬁciencies are highest for a slurry to solvent ratio of 1:2–1:5 (i.e.,
between 100 and 250μL).
all ratios tested. DCM is also impractical to handle, as it needs
special ﬁlters, vials and glass syringes, because it dissolves most
plastics.
Some solvents might be less suitable than others to dissolve
hydrocarbons, especially propanol, EtOH, or acetone. After the
treatment with these solvents, the ﬁlters still showed background
ﬂuorescence, indicating that hydrocarbons were still present in
the sample. Concomitantly, the supernatants of the propanol,
EtOH, and acetone extraction were almost colorless. In contrary,
the supernatants of the n-octane, n-decane, DCM, or n-hexane
extraction were dark red to brown, indicating that hydrocarbon
extraction was successful.
Although n-octane delivers high cell counts, we do not recom-
mend its use. The samples extracted with n-octane and n-decane
showed murky supernatants, containing small ﬂocs of particulate
(organic?) matter that settled on the ﬁlter and made cell enumera-
tions difﬁcult or even impossible. Given the difﬁculties with these
ﬁlters, the reported cell numbers should be treated with caution.
Surprisingly, extractionswith amixture of the two best working
solvents (n-hexane and MeOH) lead to lower results than with a
single solvent. Also, two consecutive extractions with n-hexane did
not lead to higher results either (Figures 3A–C). This is probably
due to the fact that the cells were lysed by the long exposure to the
solvent.
The discrepancy in the increase of the extraction efﬁciency
between the samples (especially for MeOH) might result from
the different compositions of the oils. The more biodegraded or
mature the oil is, the less parafﬁnic compounds it contains (Huang
et al., 2008; Head et al., 2010). MeOH – a more polar solvent
than n-hexane – might be more useful in strongly mature sam-
ples, whereas n-hexane works better with light, more parafﬁnic
oil. This might also explain, why in the terrestrial samples, con-
taining heavy, mature oil, most solvents delivered results coming
close to 100% extraction efﬁciency, whereas in marine samples,
containing light oil, the results usually fell below 50% for most
solvents (Figures 3A–C).
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The increase in extraction efﬁciency after the solvent extraction
is much higher for the original oil sand than for the processed one.
This seems to be logical, because there are much more hydrocar-
bons in the fresh oil sand before the extraction of the oil (TOC of
13.2%) than after the extraction (TOC of 0.24%).
The solvent extraction did not improve cell counting in the
oil-poor sediments from Garden Banks and in the oil-free sam-
ple from Lake Van. That was expected, because there is no oil in
the sediment, which could hamper cell detection. We expected
cell lysis to either start at a certain threshold, or to be propor-
tional to the ratio of solvent vs. slurry. The oil-poor Garden Banks
sample basically showed such a threshold; with up to 200μL of
n-hexane addition cell abundances were in the same range as the
standard extraction, then drop sharply at higher solvent additions.
This would be an indication that cell lysis starts even at very low
solvent concentrations. The positive effect of hydrocarbon disso-
lution dominates over the negative effect of cell lysis at low solvent
concentrations. This is conﬁrmed by the fact, that the optimal
amount of solvent (i.e., 200μL of n-hexane or MeOH) lyses 20%
of the cells of a formalin-ﬁxed pure culture, whereas at higher
solvent concentrations up to 90% of the cells were lysed (data
not shown). The recovery of only 55% of E. coli cells added to
a crude oil sand sample indicates that lysis by the solvent treat-
ment is not the only factor that reduces cell recovery. The most
likely other reason is that cells become stuck on oil-coated mineral
grains and thereby end up in the sediment pellet and not in the
supernatant.
The n-hexane extraction of the oil-free Lake Van sample also
shows a similar trend, however, cell numbers decrease even by the
smallest solvent addition. There does not seem to be a threshold
but rather an immediate negative effect due to solvent addition.
The MeOH extraction shows a rather surprising trend with one
single sample reaching about 100% efﬁciency, whereas all other
solvent to slurry ratios remain <50%. So far we have no satisfac-
tory explanation for this observation. There is a good chance that
this high result is an artifact, because all other results fall into a
narrow range.
The recovery of about one third of cells after spiking an oil-free
sample with a light (non-biodegraded) oil shows that it is not yet
possible to retrieve all cells out of sediment that contains light oil.
It was possible to retrieve about half of the cells from a sam-
ple that was spiked with strongly biodegraded oil, using MeOH
as a solvent. This is quite surprising because biodegraded oils are
much more viscous and sticky and we assumed that these proper-
ties would cause more cells to remain stuck on sediment particles
and therefore avoid cell extraction.
The fact that n-hexane produces better results in samples con-
taining fresh oils, whereas MeOH works better for samples with
heavy oils may be explained by the fact that fresh oils contain
more alkanes, which dissolve preferentially in other alkanes like
n-hexane. Heavy oils contain a higher fraction of alcohols and
water-soluble compounds for which MeOH is a better solvent.
Although solvent extraction improves cell extraction efﬁciency,
it has to be kept in mind that cell abundances will always be
underestimated.
For the solvent extraction of hydrocarbon-containing sedi-
ments, the maximum cell extraction efﬁciency is achieved with
a ratio of primary slurry to pure solvent between 1:2 and 1:5.
Outside of this optimum ratio, extraction efﬁciency is drastically
reduced.
CONCLUSION
Based on the method of Kallmeyer et al. (2008) we developed a
cell extraction procedure for hydrocarbon-containing sediments.
The focus of this method lies on the removal of hydrocarbons,
because they prevent cell enumerations by interacting with the
DNA-binding stain causing high background ﬂuorescence. For
the dissolution of hydrocarbons, n-hexane turned out to be the
most appropriate solvent for light (non-biodegraded) oils whereas
MeOH is most appropriate for heavy (biodegraded) oils.
This method works well with sediments from a wide variety of
environments containing either heavy or light oils. However, the
extraction protocol needs to be tested and individually ﬁne-tuned
for every type of sediment and oil in order to ﬁnd the best working
solvent and the optimum solvent to sample ratio at which hydro-
carbon extraction is maximized and the effect of cell lysis kept at
a minimum. In hydrocarbon-free sediments, the method does not
show any positive effects.
Although we developed this extraction technique primar-
ily for cell enumeration, parts or all of it may also be useful
for other microbiological and molecular techniques that require
hydrocarbon-free samples.
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